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Standard Operating Procedure for Using a Microscope. 
 

A. Setting up the Microscope 

1. Carry the microscope with both hands and hold it above the waist so that it does not hit anything during 

transport. 

2. Place the microscope on the lab bench away from the edge.  Plug it in and secure the cord so that it does 

not get tangled up with anyone 

3. Do not touch the lens of the microscope with anything but lens paper.  Use lens paper to clean the lens on 

the eye piece and objectives. 

 

B. Using the Microscope 

1. Turn on the microscope’s light source and adjust the intensity of the light with the dial on the side of the 

base. 

2. Rotate the objectives until the low power objective is in place and lower the stage to its lowest position 

with the course adjustment. 

3. Secure a slide on the stage with the stage clips and center over the light source 

4. Looking through the ocular lens, use the course adjustment to raise the stage until the image of the 

specimen comes into focus. 

5. Use the fine adjustment to get the image clear. 

6. If higher magnification is needed, rotate the nosepiece to the next highest objective.  You should only have 

to adjust your fine focus with each objective. 

7. Once finished with the microscope, remove the slide, rotate objectives to low power, lower the stage, 

unplug it, cover it and return it to storage. 

 

 

 
 

 

 

 

 

 

 

 

 

 

A - Body tube 

B - Rotating nose peice 

C - High power  (40X)objective 

D - Stage 

E - Diaphragm 

F - Eye piece/ocular lens 

G - Arm 

H - Stage clips 

J -  Course adjustment 

K - Fine adjustment 

L -  Base 

M - Low power  (4X) objective  

N - Medium power (10X)  objective 

O - Light source 
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Standard Operating Procedures for Sterile Technique 

 
A. Making Media 

1. Get a clean, dry media bottle that can hold twice as much media as you plan 

to make up. 

2. Read the directions on the media container to determine the appropriate 

amount of media to mass.  It is commonly listed as g/L so calculate the 

amount needed for the desired volume. 

3. Mass the correct amount of media and place it in the labeled media bottle.  
4. Add the correct amount of distilled water to get the correct total volume 

desired. 

5. Mix the media by swirling until all powder is evenly distributed.  It is 

unlikely that it will all go into solution at this point. 

6. Loosen the caps of the media bottles, add a piece of autoclave tape to the bottle, and place the bottle in the 

autoclave. Screw the door shut and then select the pre-set liquid cycle to sterilize the media.   

7. The autoclave will begin to beep when it is finished with the cycle. Caution: Beware of steam when 

opening the door.  Use bottle holders to remove the sterile media from the autoclave.  Sit on bench top 

to cool before use. 

 
B. Adding Antibiotics to Media 

1. Place the sterile, melted agar on the bench top to cool.  Caution: If antibiotics are going to be added to 

the agar, the temperature of the agar needs to cool to under 50
o
C.  This should be a comfortable 

temperature to hold the bottle before you add the antibiotic. 

2. All antibiotics should be added using sterile pipets.  The final concentration of antibiotics should between 

50-100 µg/ml. 

 

C. Starting a Liquid Broth (Overnight) Culture 

1. Disinfect working surfaces with 10% bleach, 70% alcohol, or a comparable disinfectant.  Work surface 

should be in a laminar flow hood or on lab bench with minimum air flow. 

2. Wash your hands or sanitize with the alcohol wipes or hand sanitizer. 

3. Using a sterile pipet, transfer 2 ml of sterile broth to a sterile culture tube and label 

4. If antibiotics are to be added to the liquid culture, they should be added using sterile pipets.  The final 

concentration of antibiotics should between 50-100 µg/ml. 

5. Flame-sterilize an inoculating loop, until it is red hot, and then cool it by sticking it in an uncontaminated 

spot of agar. 

6. Use the sterilized inoculating loop to collect a colony of 

bacteria from the stock plate 

7. Carefully remove the cap from the sterile culture tube, 

being careful not to sit it down on the lab bench as to 

contaminate it. 

8. Stick the inoculating loop into the liquid culture and twirl 

it so as to remove any bacteria loaded on the loop. 

9. Replace the cap on the culture tube so as to secure it but 

not seal it and incubate the tube in the shaker water bath 

at 37
o
C overnight. 

10. Before leaving the lab, wash the lab surface and your 

hands.  Discard any biological waste in the biohazard bag. 

 

D. Melting Sterile Agar with Microwave 

1. Loosen the cap on the bottle of sterile agar and place in microwave at 50% Power for 2 minutes.  Monitor 

melting and do not let the melted agar boil over. Caution: Use bottle holders to protect hands from hot 

bottles. 

2. Remove the bottle from the microwave to check progress of melting and to gently swirl.  Caution: Agar 

may spew out if swirled to fast or if the cap was too tight.  

3. Continue the melting and swirling until all of the agar is melted and there are no lumps in the media. 
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E. Pouring Media Plates 

1. Disinfect working surfaces with 10% bleach, 70% alcohol, or a comparable disinfectant.  Work surface 

should be in a laminar flow hood or on lab bench with minimum air 

flow. 

2. Wash your hands or sanitize the with alcohol wipes of hand sanitizer. 

3. Open a fresh pack of Petri plates as directed on the package.  Remove 

plates from packaging taking care to touch only the outside of both the 

packaging and the Petri plates. 

4. Label the plates along the edge of the bottom (smaller) plate with your 

initials, date, and medium. 

5. Wipe the outside of the bottle of melted agar and the work area surface with disinfectant. 

6. Stack the Petri plates in stacks of three near the edge of the lab bench. 

7. Open the bottom Petri plate of the first stack.  Pour agar over the bottom of the plate until it is completely 

covered.  You may tilt the plate to help cover the bottom with agar. 

8. Repeat pouring of the other plates in the stack and other stacks of plates. 

9. Stack groups on top of each other and leave undisturbed for 15 minutes. 

10. Place any plates with antibiotics in the media in the refrigerator.  Plates should remain undisturbed for 24 

hours before use.  Plates are good for 2 weeks.  Store in a cool, dark place.  

 
F. Streaking Media Plates 

1. Disinfect working surfaces with 10% bleach, 70% alcohol, or a comparable disinfectant.  Work surface 

should be in a laminar flow hood or on lab bench with minimum air flow. 

2. Wash your hands or sanitize with the alcohol wipes or hand sanitizer. 

3. If not done already, label the plates along the edge of the bottom 

(smaller) plate with your initials, date, and medium and sample 

identification. 

4. Flame-sterilize an inoculating loop until it is red hot and then cool it by 

sticking it in an uncontaminated spot of agar. 

5. Use the sterilized inoculating loop to collect a colony of bacteria from 

the stock plate. 

6. Open the front side of the Petri plate to be inoculated while leaving the back side of the plate still closed.   

7. Touch the inoculating loop to the surface of the agar and streak back and forth across the top one-fourth of 

the plate. Close the lid of the plate. 

8. Rotate the plate 90
o
.  Flame the inoculating loop and cool on uncontaminated agar.   

9. Open the front side of the plate. Streak the loop at right angles through the previous streak once and then 

continue to make a “Z” shaped streak.  Close the plate.  

10. Rotate the plate 90
o
.  Flame the inoculating loop and cool on uncontaminated agar. 

11. Open the front side of the plate.  Streak the loop at right angles through the previous streak once and then 

continue to make a final “Z” shaped streak. 

12. Place the inoculated plates upside down in a 37
o
 incubator for at least 24 hours. 

13. Before leaving the lab, wash the lab surface and your hands.  Discard any biological waste in the biohazard 

bag. 

 

 

 

 

 

 

 

 

 

 

 

 

 



 

 

6 

 

Standard Operating Procedures for Pipetting  

 
A. Choice of correct pipet and pump 

1.  Choosing the correct pipet 

a. For volumes less than 0.2 ml, do not use a serological pipet.  Use a  

P-1000 micropipette instead 

b. For volumes between 0.2 ml and 1.0 ml, use a 1 ml serological pipet 

c. For volumes between 1.0 ml and 2.0 ml, use a 2 ml serological pipet 

d. For volumes between 2.0 and 5.0, use a 5 ml serological pipet 

e. For volumes between 5.0 and 10.0 ml, use a 10 ml serological pipet. 

f. For volumes greater than 10.0 ml, use a graduated cylinder. 

g. The smaller the pipet, the more accurate its measurement, so choose the smallest if there is any 

choice. 

2.  Choosing the correct pipet pump 

a. When using the 1.0 or 2.0 pipets, use the smaller, blue pipet pump 

b. When using the 5.0 and 10.0 pipets, use the larger, green pipet pump 

 

B. Removing the pipet from its packaging 

1. If the pipet comes in a multi-pack then open the pack from end nearest the larger bore of the pipet.  Tilt 

the pack so that at least one of the pipets begins to slide out of the pack.  Grasp the pipet near the large 

bore end taking care to not touch it anywhere else. 

2. If the pipet comes in a single pack, then open the pack from the end nearest the largest bore by pulling 

the two sides of the packaging away from each  other.  This will be like peeling a banana.  Peel away 

the packaging only  one-third of the way down the length of the pipet.  Grasp the pipet near the end 

with the largest bore taking care not to touch it anywhere else. 
 

C. Assembling the pipet and pump 

1.  Hold the white bottom of the pipet pump while inserting the large bore end of the pipet into the  

     hole 

2.  Insert the pipet until it is securely fastened in the pipet pump, but not so far as to damage the    

                    vacuum chamber.  The proper depth is to the cotton plug ,  if one is present 

 

D. Removing liquid with the pipet 

1.  Place the tip of the pipet into the solution and keep the tip under the surface of the liquid at all   

     times when removing liquid.  Be careful the liquid does  not overflow the container due to    

     displacement. 

2.  With the tip of the pipet under the surface of the liquid hold the pipet and container at eye level,   

     gently roll the pump wheel up to pull the solution  up into the pipet.  

3.  Pull the solution up until the bottom of the meniscus (concaved surface of  the liquid) is at the   

     volume value desired. 

4.  Never lay the pipet down with liquid in it.  Never allow the liquid to reach the cotton plug or to  

     enter the pump.  Alert the instructor if this happens. 

 

E.  Dispensing the liquid 

1.  Move the pipet into the recipient container. Roll the pump wheel down (all the way) to dispense      

     the solution from the pipet. 

2.  Touch the tip of the pipet to the side of the container so that adhesion pulls on any liquid on the    

     side of the pipet. 

3.  Allow the solution to leave the pipet, but do not force out the last tiny bit.  Pipets labeled TD     

     manufactured allow this last drop to remain in the pipet without affecting the measurement. 

4.  When there is not a specific order required to dispensing solutions into a container, always add      

     the smallest volume first and then the larger volumes  progressively.   

 

F. Removing the pipet from the pump 

1.  Holding onto the bottom of the pump, gently twist and pull the pipet out of the pump.   

2.  Discard the pipet if it is disposable or place it in the cleaning tank if it is not. 
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Standard Operating Procedures for Micro pipetting 

 
A. Choosing the Right Instrument 

1. Each micropipette has a range of volumes for which it is accurate and  reliable.  This    

    range is stamped on the pipette below the display window and should never be   

    exceeded.  

2. The volumes of the micropipettes in this lab are P10 (1-10 µl), P100 (10- 100 µl) and  

    P1000  (100-1000 µl).  Proper selection of the correct pipette is very crucial to accurate    

    pipetting. 

 

B. Pipetting 

1. Set the pipette to the desired volume by depressing the adjustment button next to the  display and rotating 

the plunger button on the end until the correct numbers appear in the display.  CAUTION: Do not rotate 

the volume in the display beyond the minimum or maximum numbers stamped on the micropipette.  Do 

not rotate the plunger button without depressing the adjustment button first. (See image) 

2. Fit an appropriate size tip on the tip holder by using a slight twisting motion when pressing the tip holder 

into a pipette tip to help form an airtight seal. Caution: If when aspirating a liquid, you see a drop appear 

at the end of the tip as you hold the plunger button down, then there is a tip leak and you should refit a 

new tip. 

3. Pre-rinse the tip by aspirating the first volume of liquid and then dispensing it back into the sample 

container. 

4. Aspirate by pressing the plunger button to the first stop slowly and smoothly. 

5. While still holding the plunger button down, hold the pipette vertically and immerse the tip into the 

liquid and hold it at a constant depth below the surface of the liquid.   

6. Slowly release the plunger button so that the pipette will aspirate the liquid in the sample. As the depth of 

liquid lowers, so must the tip of the pipette. Once the plunger button has completed been released, hold 

the pipette in the liquid for 1 additional second to complete aspiration. 

7. Remove the pipette tip from the solution and continue to hold the pipette vertically. 

8. To dispense the sample, place the tip against the inside wall of the tube that is receiving the sample at a 

slight angle.  Press the plunger button slowly and smoothly to the first stop. 

9. Wait at least one second as it dispenses and then press the plunger button further to the second stop to 

expel any residual liquid from the tip. 

10. Keep the plunger button pushed down as you withdraw your sample from the tube so as not to  re-

aspirate any of the transferred sample. 

11. Release the plunger button slowly and smoothly. 

 

C. Tip Removal 

1. The tip may be ejected from the tip holder by pressing the blue button at the base of the end button while 

holding the pipette tip over a waste container. 

2. Tip changes are required only if aspirating a different liquid, sample or reagent or volume.  If 

contamination of the tip is a concern, then a tip change is always appropriate. 

3.Once done with dispensing samples, reset volume to maximum volume for proper storage. 
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Standard Operating Procedures for Using a Balance 

 
1. Place balance on a clean, level surface. 

2. If the balance can be leveled, then do so by adjusting its legs until level 

3. Plug in the balance and press the On button. 

4. Calibrate as described in accompanying SOP 

5. Make sure the weigh pan is clear and clean 

6. Press the On/Zero button on the left to zero the balance.  Make sure it is reporting in grams. 

7. Place weigh paper or a weigh boat on the balance pan and press On/Zero again to tare the balance.  Never 

place chemicals directly on the balance pan without paper or a weigh boat. 
8. Using a clean, dry spatula or scoop, add chemicals to be weighted to the weigh paper/boat until the desired 

mass is obtained.  Hold the chemical bottle directly over the weigh paper/boat to reduce mess from spill.  

9. If mass of chemical goes over the desired amount, use the spatula to remove excess until desired mass is 

reached.  Discard any excess chemical that has been removed from the chemical bottle rather than returning 

it to the bottle 

10. .Remove weigh paper/boat from balance pan.  Put lid back on chemical bottle and return it to its designated 

location.  Clean any spilled chemicals 

 

 

 

 

 

 

 

 

 

Standard Operating Procedures for Using a Centrifuge 

 
A. Choosing the Right Instrument 

1. Choose the small microcentrifuge if you are using a small volume in a microcentrifuge tube and 

you want to just pool a sample at the bottom of the tube. 

2. Choose the larger microcentrifuge (Galaxy 16)  if you want to pellet a sample.  Its maximum 

speed is 14,000 rpm and 16,000 xg.  To calculate which speed to set for a particular RCF, use the 

following formula. 

                **G = 1.118 x 7.3 cm (rpm/1000)
2
 , where 7.3 cm is the radius of the rotor** 

3. Choose the large Graham-Field centrifuge when using 15 ml centrifuge tubes. It has a maximum 

of 3200 rpm  and 1100 xg  
 

B. Operating a centrifuge 

1. To assure that the centrifuge rotor is balanced, insert the tubes so that they are across from 

each other.  The tubes should have the same volume for balancing the rotor.  Add an additional 

tube with water if needed for balancing. 

2. Close any lids before operating the centrifuge.  Turn speed and time knobs to desired setting. 

3. Wait for the centrifuge to come to a complete stop before trying to open it. 
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Procedures for Calibrating a Scout ® Pro Balance  
 

Span Calibration 

1. Place the Lock switch (on bottom side of the balance) to the un-lock  position. 

2. Verify the weighing platform is clear. 

3. Starting with the balance off, press and hold the ON/ZERO button for at least 5 seconds.  When the display 

reads “MENU” release button.  The display should now read “CAL”.  (See Figure 1) 

4. Press the ON/ZERO button to acquire the zero weight reading – the display will flash “-C-“. 

5. The display will automatically change to flash to “100.00”.  Place the 100 g standard weight on the 

platform.  Press the ON/ZERO button.  

6. When the scale has finished calibrating, the display will read “doneE”. 

7. Remove standard weight – the display should read 0.00.  Scale Tolerance for span calibration is +/- 0.01 g. 

8. For quick calibration purposes, validate the balance by weighing 10g and 100g three times respectively.  

Make sure the deviation is within the scale tolerance of +/- 0.01 g. 

9. Place the Lock switch into the lock position (on bottom side of balance) 

 

Linear Calibration 

1. Make sure the weighing platform is clear. 

2. Starting with the balance off, press and hold the ON/ZERO button for at least 5 seconds.  When the display 

reads “MENU” release button.  The  display should now read “CAL”  (See  Figure 1) 

3. Press the PRINT UNIT button.  The display should read “SETUP”. 

4. Press the ON/ZERO button.  The display should read “A-OFF”. 

5. Press the PRINT UNIT button.  The display should read “L in”. 

6. Press the ON/ZERO button.  The display will flash “-C-“ momentarily followed by “50g”. 

7. Place the 50 g standard weight on the platform.  Press the ON/ZERO  button and the display will flash “-C“  

momentarily followed by “100g”. 

8. Place the 100g standard weight on the platform.  Press the ON/ZERO button and the display will flash “-C-

“ followed by “donE”. 

9. Remove the 100g standard weight and the display should read “0.00”.  Scale tolerance for linear calibration 

is +/- 0.01g. 

10. For quick calibration purposes, validate the balance by weighing 10g and 100g three times respectively.  

Make sure the deviation is within the scale tolerance of +/- 0.01 g. 

11. Place the Lock switch into the lock position (on bottom side of balance) 
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Standard Operating Procedures for Calibrating a OHaus Adventurer SL Balance  

 
Span Calibration 

1. Verify the weighing platform is clear. 

2. Starting with the balance off, press and hold the ON button for at least 5 seconds.  When the display reads 

“MENU” release button.  The display should now read “CAL”. (See Figure 1) 

3. Press Yes to enter the Calibration Sub-menu.  

4. When the word “SPAN” is displayed, press Yes to initiate Span Calibration.  The display will flash “-0-“ 

while the zero reading is taken.  The display flashes the maximum weight of “50”.   

5. Place a 50g standard weight on the platform and press Yes to calibrate.   The display will flash “BUSY”.  

6. When the scale has finished calibrating, the display will read “doneE”. 

7. Remove standard weight – the display should read 0.00 

 

   Linear Calibration 

1. Make sure the weighing platform is clear. 

2. Starting with the balance off, press and hold the ON  button for at  least 5 seconds.  When the display reads 

“MENU” release button.  The display should now read “CAL”   

3. Press the Yes to enter the Calibration Sub-menu. 

4. When “SPAN” displays, press No to display “LINEAR”  

5. Press Yes to initiate Linearity Calibration.  The display flashes “-0-“ while the zero reading is taken.. The 

display will then flash the midpoint weight of “20”.  

6. Place 20g on the platform and press Yes to calibrate. The display flashes “BUSY”.  The display will then 

flash the capacity weight of 60. 

7. Place 60g on the platform and press Yes to calibrate.  The display flashes   “BUSY”. 

8. When the scale has finished calibrating, the display will read “doneE”. 

9. Remove standard weight – the display should read 0.00.  Scale tolerance for linear calibration is +/- 0.002g. 

10. .For quick calibration purposes, validate the balance by weighing 20g and  60g three times respectively.  

Make sure the deviation is within the scale tolerance of +/- 0.002 g. 
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Standard Operating Procedures for Using the pH Meter 

 
1. Connect the pH probe to the unit if not already done so by plugging it in and turning it to secure it. 

2. Press the On button to turn on the meter. 

3. Remove the small plastic storage buffer bottle with solution from the bottom of the electode. 

4. Rinse the bottom of the electrode with distilled water.  Use a squirt bottle to rinse it  and let the excess 

water fall into a empty beaker.  Blot dry with a Kimwipe. 

5. Place the rinsed electrode into a pH 7 solution standard (yellow) and verify pH. 

6. If the meter does not read pH 6.98 – 7.02, then calibrate the meter 

a. Open the door on the right side of meter unit 

b. Locate the “cal/pH7 screw on the right. 

c. Use accompanying screwdriver to turn screw to adjust meter to read 7.00 

d. Close door on right side of meter unit 

7. Remove electrode from standard solution and rinse it again with distilled water and blot dry. 

8. Insert electrode into sample. 

9. Wait 5 seconds or until the pH readout stablizes and then read the pH value and record. 

10. Remove the electrode from the solution, rinse and blot again. 

11. Repeat steps 8-10 for additional samples. 

12. When finished, place electrode back into storage buffer bottle, turn meter off, and unplug electode for 

storage. 
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Standard Operating Procedures for Using a Spectrophotometer 

 
A.  Turning on the Spectrophotometer 

1. 15 minutes prior to use, turn on the machine with the dial on the front left that says “0% T” (Labeled A on 

the diagram) 

2. Using the know on top of the machine (C), adjust until the correct wavelength appears in the display 

window (E). 

3. Check to see that the switch for the filter (H) is in the correct position for the wavelength chosen. 

 

B. Preparing the Spectrophotometer for use 

1. With the sample compartment (D) empty, use the left front 0% T dial (A) to adjust the display (E) to read 

.000 T 

2. Create a reference blank that contains at least 3.0 ml of the solvent/buffer + any reagent used in your 

samples. 

3. Wipe the reference blank with a Kim wipe and place it all the way down into the sample compartment. 

4. Use the right front 100%T dial to adjust the display to read 100.0 T.  The display may read 199.9 at first but 

can be adjusted to the correct reading. 

5. Push the mode button (G) until the display light (F) shows Absorbance. 

 

C. Reading the samples 

1. Transfer 3.0 ml of sample to labeled 13 x 100mm glass tubes.    

2. Wipe each tube before placing it into the sample compartment. 

3. Read the absorbance and record.  You do not need to re-calibrate the machine unless it has been turned off 

or the absorbance or other dials have been adjusted. 

4. Clean up machine, turn off and cover when finished. 
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Standard Operating Procedures for Agarose Gel Electrophoresis 

 
A. Making a 1% Agarose Gel 

1. Pipet 8 ml of the 50X TAE buffer into distilled water to make a total volume of 400 ml of 1X TAE 

2. Weigh 1 g of agarose and place in a 125 ml media bottle.  Add 100 ml of  1x TAE.  Heat in a microwave 

until the agarose is dissolved and the solution is clear ( about 4 minutes at 50% power).  Caution: Do not 

let the agarose solution boil over and do not swirl it to fast when taking it out of the microwave. 

3. Using bottle holders, remove the heated solution and let it sit on the bench top to cool to around 65
o
C. 

4. Set up the gel tray by rotating it so that the rubber gaskets are up against the walls of the tank.  This should 

prevent the agarose from leaking out of the tray when poured.  You may also place the 6-well or 10-well 

comb into the top notches of the gel tray at this point. 

5. When the agarose solution has cooled enough to just be able to hold it, pour about 30 ml of it into the gel 

tray.  Be sure to pour slow enough as to avoid introducing any bubbles being trapped. 

6. Let the gel cool for about 15 minutes  
 
B. Preparing an Agarose Gel 

1. Once the agarose has solidified, grasp the gel tray and pull it up out of the gel tank.  Rotate the gel tray 90
o
 

so that the wells are closest to the negative electrodes on the gel tank and sit it back in the tank. 

2. Pour 300 ml of the 1X TAE into the tank to complete cover the gel. 

3. Grasp the comb and gently pull up to remove it from the gel. 

4. Position the gel tank on the bench top near the power supply and in the position that it will be run.  Decide 

and record which samples will go in which wells. 

 
C. Loading the Samples 

1. Prepared DNA samples should include DNA, buffer, and loading dye in a   

2. 20 µl volume.  One sample should include DNA markers/ladders/ standards to allow the size comparison of 

the bands. 

3. Spin the samples for 2 seconds in a microcentrifuge to pool them on the bottom of the tube. 

4. Using a P100 and a fresh tip for each sample, pipet up the sample from the tube slowly.  Caution: the 

sample may be viscous and thus should be pipetted slowly before removing the tip from the tube.  

Make sure no air bubbles form at the end of tip. 

5. Position the loaded tip just under the surface of the buffer in the tank and above the well the sample is to be 

loaded into.  Caution: Do not position the tip into the well as it will clog the tip if it comes into contact 

with the agarose. 

6. Gently eject each sample and let them fall by gravity into the desired wells.  

7. Place the lid onto the gel tank so that the electrodes are connected.   

8. Connect the other ends of the electrodes into the power supply being sure to match up the colors correctly.   

9. Run the gel at 110V for 45 minutes or until the yellow line of tracking dye is just about to run off the gel. 

 
D. Staining the Gel 

1. Turn off the power supply and disconnect the gel apparatus 

2. Remove the gel tray from the buffer and tank and let the gel gently slide into a staining tray.   

3. While wearing gloves, place a piece of Insta-Stain paper containing Ethidium Bromide onto the gel.  Be 

sure to remove the plastic backing and place only the paper on the gel.  Also be sure that the paper is 

sufficiently wet and that no air bubbles or dry spots exist between the paper and the gel.  Let sit for 5 

minutes.  
4. Gently remove the gel from the staining tray and place it on a UV light source of a transilluminator or Gel 

Imaging System.   

5. While protecting your eyes using either UV goggles or a shield, turn on the UV light source and 

photograph the gel. 

 


